Lipid droplets (LDs) are highly dynamic organelles that store neutral lipids, primarily triacylglycerols (TAGs), and are found in many cell types. While their primary function is to store excess energy, LDs are also modified in different disease states and during developmental processes. In many cases, not only the presence, but also the composition, of LDs can be equally important. In humans, LD composition has been linked to diseases such as type 2 diabetes; in plants and yeast, LD composition is relevant for engineering these organisms into biological factories in, e.g., algal bioenergy or food oil production.
Introduction
Many cell types use lipid droplets (LDs) as efficient storage depots to provide energy in times of scarce nutritional supplies. In order to build up these storages, free fatty acids, which are toxic to most cells, are esterified into neutral lipids, such as triacylglycerol (TAG) by acyl transferase enzymes. These hydrophobic TAG molecules form droplets together with other esterified molecules inside the cytosol and the droplets are covered by an emulsifying monolayer of phospholipids (1, 2) . Additionally, various proteins are associated to LDs, e.g., the perilipin proteins in mammals or oleosins in plants, which can have various functions from anchoring lipases to serving as scaffolds for signaling molecules (2) . LDs have been found across many different species with the general consensus being that LDs contain mostly TAGs and sterol esters, and to a lesser extent diacylglycerol. The ratios between these molecular species can vary vastly between different cell types and potentially for the same cell in different cellular states, e.g., during diseases (3, 4) . In mammals there is a specific cell type, adipocytes, designated to acquit lipotoxicity and store TAGs for energy usage. Outside of adipocytes, LDs also appear in many other mammalian tissues, especially when the mammal is exposed to high levels of fatty acid intake; such ectopic lipid accumulation has been identified to cause dysfunction and death of the lipid-laden cells. One example is in pancreatic ß-cells where excess lipid accumulation has been found to interfere with insulin secretion (5) and also lead to apoptosis (6) .
Similar to mammals, prokaryotic yeast have lipid accumulations -largely full of TAGs -that allow cells to deal with lipotoxicity (7) . TAGs in yeast can also be a desired product in the search for replacement of plant-based resources such as cocoa butter (8) . Not only cocoa seeds, but many other plant seeds store TAGs in oil bodies (3) , which are analogous to the lipid droplets in mammalian cells in that they are coated with amphipathic lipids and regulatory proteins (9) .
Over the last 15 years it has become clear that LDs in a single organism can be divided into different subpopulations according to lipid composition and proteins in the LD phospholipid coating (10) (11) (12) .
Moreover, the size and location of the droplets differ between cell types and organisms. A clear example is again mammalian white adipocytes where a large, central lipid droplet fills almost all of the cellular volume (13) , whereas in, e.g., muscle myocytes LDs appear smaller and dispersed in the cells (14) (15) (16) .
This same appearance of small LDs is also observed for drosophila fat bodies (17, 18) as well as in yeast (19, 20) and plant cells (21) . In addition to different size, LD composition can also differ among individual cells (22) and even within single cells (23) . Importantly, fatty acid composition, particularly carbon saturation level found in ectopic lipid droplets in skeletal muscle and chain length of free fatty acids in the blood, are known to correlate with increased insulin resistance (24) and stimulation of insulin secretion (25) , respectively. Moreover, exposing cultured cells to saturated fatty acids is known to be cytotoxic whereas an equivalent concentration of unsaturated fatty acids can be relatively benign (26) .
Since fatty acids in cells are eventually stored in LDs, there is a need to quantify the lipid chemistry at the individual LD level in cells.
Traditional approaches for the characterization of lipids in cells or tissues involve the extraction of all lipids followed by derivatization and analysis with gas chromatography mass spectrometry (GC-MS) (27) . The location of cellular LDs can be determined within cells using microscopy via fluorescence markers (28, 29) or label-free vibrational imaging such as coherent anti-Stokes Raman scattering (CARS) microscopy (30) . In order to achieve spatial information coupled to chemical structures, three main methods have emerged during the recent years: (i) matrix-assisted laser desorption/ionization mass spectrometry imaging (MALDI-MSI), (ii) magnetic resonance imaging (MRI), and (iii) hyperspectral Raman or CARS microscopy. MALDI-MSI has been used to identify lipid species with high accuracy and > 1.4 µm spatial resolution in eukaryotic systems, i.e., mouse brain and paramecium caudatum (31) .
This technique relies however on thin biological sections, which are embedded into an optimized matrix.
Due to this extensive sample preparation and the relatively long measurement times, MALDI-MSI is slow in throughput. Additionally, freeze-thaw cycles as required for sectioning and subsequent embedding can cause LD mobilization and flowing in the tissue. MRI is well suited to visualize oil bodies in vivo from plants to humans (32, 33) . With a resolution of around 10 µm in xy and 100 µm in z direction and the capability to image centimeter scale samples, this technique is applicable to investigate the structure of TAGs in larger lipid depots in entire organisms (34) , but it is not readily equipped to spatio-chemically resolve fine structures, i.e. individual LDs. Vibrational spectroscopy, e.g., spontaneous Raman and CARS, uses intrinsic molecular vibrations to visualize different macromolecular species: all lipids, all nuclear acids, or all proteins and can be used both in vitro and in vivo (30, 35) . CARS microscopy relies on a resonant enhancement via nonlinear excitation to achieve higher signal strengths compared to spontaneous Raman scattering (for highly concentrated species), and the blue-shifted signal light is readily separated from linear fluorescence background. Using a hyperspectral approach, chemical information can be mapped with sub-µm resolution with complete vibrational spectra at each spatial location (36) . From these spectra, ratiometric quantities have been employed to map TAG saturation in mammalian cells (37, 38) and in algae (39) . However, these analyses are not equipped to study TAG chain length in combination with saturation. For that purpose, a least squares decomposition of single point Raman spectra from intracellular droplets has been employed by Schie et al. (40) to track the uptake of oleic and palmitic acid. Similarly, a factorization approach of hyperspectral CARS data has been used to study lipid dynamics in human stem cells (41) . The latter two approaches focus on quantifying the amount of a small subset of known fatty acids that were supplied to the culture medium and ultimately incorporated in the LDs; however, it is not possible to use these methods determine the chain length and saturation of TAGs in native (unstimulated), single LDs.
In this work, we employ broadband hyperspectral CARS (BCARS) microscopy combined with a least squares decomposition to map the average number of C=C double bonds and chain length in TAGs in native LDs with sub-micrometer spatial resolution and ~ 5 -100 millisecond acquisition times. We demonstrate applicability of this approach in artificial emulsions, microalgae, yeast, and mammalian cells, where our results compare favorably with mass spectrometry results. This analytical methodology should 6 be readily transferable to other experimental setups and provides meaningful numbers that can be understood in a physiological context. 
Materials and Methods

Materials
Stabilized emulsions
Oils were encapsulated at 10 vol.% in 3 wt.% agarose with low gelling temperature after thorough vortexing and sandwiched between two glass cover slips (#1). Supplemental 
Coherent anti-Stokes Raman scattering microscopy
Lipid droplets in artificial emulsions, 3T3-L1 adipocytes, yeast, and algae were visualized with CARS microscopy. A specific molecular vibration, e.g., the symmetric CH 2 stretching at 2845 cm -1 , is targeted with the field generated by two laser pulses (with energies ω pump and ω stokes ) overlapped in time and space.
A third pulse (ω probe ) is then used to generate the CARS signal (ω anti-Stokes = ω pump + ω stokes -ω probe ). The CARS imaging was performed with a SP 5 II TCS CARS microscope (Leica, Mannheim, Germany)
equipped with a pico-second pulsed laser source at 817 and 1064 nm (APE, Berlin, Germany) using a water immersion objective (L 25x, NA=0.95, Leica) to achieve tight focusing conditions. CARS signals were collected in forward direction with a Leica CARS 2000 filter set in front of the photomultiplier tube.
For 3T3-L1 adipocytes autofluorescence was collected in the epi direction using the Leica FITC filter set.
Broadband CARS microscopy
The home-built setup with custom software written in LabVIEW (National Instruments) has been described in detail previously (46) . Briefly, from a dual-output laser source (sub-ns pulses, 32 kHz, Leukos-CARS; Leukos, Limoges, France) a super continuum Stokes beam is generated using a photonic crystal fiber (100 µW nm 
Hyperspectral data analysis
All data were analyzed with custom routines in IgorPro (v.6.37, WaveMetrics) and MATLAB (R2016a, MathWorks). First, the imaginary component of the third-order Raman susceptibility was retrieved with a modified Kramers-Kronig algorithm (47) with glass as reference followed by error phase correction using either (i) an iterative noise-maintaining approach (48), which is model-free with the use of a second-order Savitzky-Golay filter smooting filter over 101 spectral points (404 cm -1 ) for mixed samples or (ii) an iterative fourth-order polynomic function for pure samples (48) . The resulting spectra are referred to as Raman-like (RL) in accordance with previous publications (36, 49) . The spectral points between 1200 -1786 cm -1 and 2828 -3102 cm -1 were selected for all subsequent processing and fitting.
Lipid chain length and number of C=C bonds maps
The fitting method has been adapted from Waschatko et al.(50) and applied on full hyperspectral images.
All RL spectra were aligned and normalized, i.e., arbitrary intensity of 1, to the 1440 cm -1 Fig. 1A ) was used in order to generate three components representing the presence of TAGs (C TAG ), the number of C=C bonds per chain (C #C=C ), the number of CH 2 per chain (C #CH2 ). The spectrum of 100 mg/ml BSA was used as a generic protein component (C protein ). Further, a fifth component (C dilution )
attributed to spectral changes upon dilution of TAGs was generated using a global fitting on spectra of diluted TAG 16:1 and 18:1 in CCl 4 (Supplemental Fig. S3 ). Therefore four components were assumed: pure TAG 16:1, pure TAG 18:1, pure CCl 4 , and an unknown dilution component. This dilution component was then refined to best fit the seven diluted spectra.
The component spectra as well as all spectra to be fitted were then interpolated with by a factor of 6 to ensure sub-pixel shifts were possible before fitting to a target spectrum with the following function: were always found to be less than 4 cm -1 , less than the frequency spacing between adjacent CCD pixels (hence the necessity for interpolation), which is reasonable given the months timespan over which the data reported here was acquired. m and n allow for linear baseline offsets to be accounted for. For the spectral fitting of pure TAGs, oils and their mixtures only the three lipid components were used, for the emulsions the dilution component was added, and the cells the protein and dilution components were 11 added. (all seed values: Supplemental Table S1 ). All weights for the components were constraint to be > -0.1.
To recalculate the number of double bonds per chain and the average chain length of the TAG from the fit parameters, the weight of all components were divided by to normalize to 1, as was done in the training matrix. This allowed a read-out of the #C=C as b/a, #CH 2 as c/a, and the chain length as 2*(#C=C)+(#CH 2 ) +2 (accounting for end groups). For image analysis, a mask was generated based on the CH 2 (2845 cm -1 ) intensity of the RL spectra in order to include only lipid spectra in the fitting, then a pixel-by-pixel fitting was done based on the method described above for single spectra. After the image fit, an additional threshold ensuring chain lengths were within 12-24 and #C=C > -0.1 was applied to all images to eliminate unreasonable values
Statistical testing
An unpaired two-tailed t-test with Welch's correction was employed to analyze statistical significance between diameter, TAG chain length and saturation in the two adipocyte lipid droplet populations using GraphPad Prism 6.0. Values were ranked: P > 0.05 (ns, not significant), P ≤ 0.05 (*), P ≤ 0.01 (**), P ≤ 0.001 (***), and P ≤ 0.0001 (****). To establish a method for extracting average chain length and number of C=C from images of TAGs, we first produced a least squares decomposition with known covariances using a training matrix of TAGs.
Our training matrix consisted of quantitative, linear Raman-like (RL) spectra from BCARS spectra (see Methods) of TAGs and their mixtures spanning the physiological range of fatty acid double bonds and chain lengths ( Fig. 1 a, Table 1 , full spectra in Supplemental Fig. S2 ). From the training matrix, three components could be extracted ( Fig. 1 b) : a TAG glycerol backbone component, the number of C=C per TAG, and the number of CH 2 groups in the TAG chain. The TAG component represents the most common spectral features found in all TAGs in the training matrix while the number of C=C and CH 2 components represent spectral changes that depend on the number of C=C double bonds or the chain length, respectively, as reflected in the known covariance ( Table 1) .
As our BCARS has a focal volume of 0.6 x 0.6 x 5 μm 3 , this method produces a molar average chain length and number of C=C bonds for all TAGs within this volume. The chain length discussed here refers the average number of carbons in one TAG chain, including the ester and CH 3 end groups. Using the three lipid components, the number of C=C bonds, and the chain length from standard oils, mixtures of standard oils, and TAG mixtures was derived (Table S2 in the Supporting Material). The resulting parameters derived from the BCARS method were compared to the molar averages from GC-MS measurements to evaluate the error in our method. The overall agreement between the BCARS and GC-MS measurements, especially when both chain length and #C=C are taken into account, is clear (Fig. 1 c) .
On average our method is accurate for the number of C=C to within ±0.15 ( Fig. 1 d) and for the chain length to within ±0.69 CH 2 ( Fig. 1 e) . The error is evenly distributed around the GC-MS values, suggesting no systematic over-or underestimation. The covariance table (Table 1 ) and spectra in a were used to produce three lipid components, which were used to recalculate experimental spectra. A generic protein component was also added for use in complex cellular LDs (b). A set of standard food oils, their mixtures, and TAG mixtures were analyzed and compared to the same quantities extracted from GC-MS measurements 
Imaging chain length and #C=C in oil emulsified droplets
Having established the ability to accurately quantify TAG chemistry in individual spectra, we next tested ability to map TAG chemistry in space. For that purpose we acquired images of olive oil droplets in oilin-water emulsions to determine the accuracy of our method in a heterogeneous sample. Olive oil was mixed with melted agarose and vortexed. This sample preparation method generated oil-in-water emulsions but also more complex water-in-oil-in-water double emulsions (Supplemental Fig. S1 b) . We chose this preparation method over a 'cleaner' approach to mimic the complexity of biological spectra, where several macromolecular species can be in the focal volume at once. Thus, we expect more complex spectra and indeed the emulsions showed a different spectral shape compared to pure oils (Fig. 2 a) , similar to what we found in oil diluted in organic solvents. In order to account for this shape of the emulsified oil, we recorded spectra from a set of oils (18:1 and 16:1 TAGs) diluted in carbon tetrachloride (Supplemental Fig. S3 ) and used a global fitting approach to generate a spectral component that captured the spectral changes caused by dilution (Fig. 2 b) . We validated this component against other diluted oils (Supplemental Table S3 ), which confirms the validity of the approach. The inclusion of this component allowed us to fit spectra from the olive oil emulsions and obtain C=C and chain length values within our error from pure oils (Fig. 2 c,d ), even if there are small-scale impurities that effectively dilute the oil. Image of an olive oil emulsion droplet and computed maps for chain length and # C=C bonds (d) using the components from c.
Determining LD TAG chemistry in situ in biological organisms
The biological samples we studied had a broad range of LD sizes. S. cerivisae and Nannochloropsis sp.
both have submicron sized lipid droplets (Supplemental Fig. S1 ). This LD size is small compared to their cellular volume, different from mammalian adipocytes, which can exhibit LDs that are several tens of microns in diameter and occupy the entire intracellular space. These submicron-sized lipid volumes can be challenging to analyze using standard methods like lipid extraction followed by GC-MS, where large culture volumes can be required, and cell sizes can approach the limit of mass spectrometry imaging. We also included yarrowia lipolytica, a yeast specialized for production of lipids as an alternative microorganism with larger LDs. For all these microorganisms, LDs have been identified label-free with single-frequency CARS microscopy of the symmetric CH 2 vibration (at a frequency of 2845 cm -1 ) (51, 52), but it was not possible to use CARS to investigate the composition inside the droplets. As mammalian examples, differentiated 3T3-L1 adipocytes, LDL-fed RAW and LDL-fed HEK cells were investigated. As stated above differentiated 3T3-L1 cells have lipid droplets that can occupy nearly the entire cell (of order 10 µm) while LDL-fed RAW and HEK cells exhibit smaller, microsized LDs (Supplemental Fig. S1 ).
For these complex biological samples, a fifth component -the spectrum of BSA -was included to be able to account for a generic protein signal (Fig. 3 a) , which will certainly be found in close proximity to LDs in these samples. This proximity will lead to spectra containing a mixture of protein and lipids at the LD edges at the very least, and possibly even those in the center of the LD for droplets that are smaller than the axial span of our excitation volume. Hyperspectral datasets from the different biological species were fit with all five components as described in the methods section, from which we produced images of carbon chain length and # or C=C bonds (Fig. 3 d) . Immediately obvious from the images in Figure 3d are that the LDs in all biological systems are considerably more heterogeneous than in the stabilized emulsions, as expected. When averaging over the all images for each type of sample (aggregating from the single pixel basis), we found the average chain length in LDs spans from 16.7-18.8 over all species (Fig. 3 b) , while more variety (compared to the average chain length over all species) is found in the # of double bonds, which spans from 0.29-0.94 (Fig. 3 c) .
The results from BCARS imaging of lipid chemistry for yarrowia lipolytica, representative of microoganisms, and 3T3-L1, representative of mammalian cells, were quantitatively compared to the GC-MS data from extracted neutral lipids (Supplemental Table S4 and Method S1). For bonds yarrowia lipolytica and 3T3-L1, we found average chain length / # of C=C bonds of 17.6/0.28 and 16.1/0.25, respectively, which is within our experimental error from the spatial averages shown in Figure 3c and 3d.
While all samples showed spatial variation, we were particularly drawn to that seen in the differentiated 3T3-L1 cells as there seemed to be two major classes of LDs in cells: 1) larger LDs that were fewer in number and 2) Smaller LDs that were quite numerous. Further, from looking at the images in Figure 3d , these LD classes seemed to contain different TAGs. Indeed, we found a weak inverse correlation between droplet diameter and chain length (Fig. 4 a) and between droplet diameter and number of double bonds (Fig. 4 b) . If the droplets are split into two approximately equal groups according to their diameter, these differences become significant (Fig. 4 c) 
Discussion
Lipid depots are present in many species, and their neutral lipid composition can be linked to certain diseases or is a potential engineering target for bioenergy production. Almost all studies focused on the changes in LD TAG composition have been based on data collected from large cell populations and thus only few insights into LD heterogeneity have been made (53) . In this study, we present a method to extract quantitative information about spatial heterogeneity in LD chemistry, in terms of TAG chain length and double bonds with sub-micrometer resolution from non-invasive, broadband CARS imaging. (46) compared to state-of-the-art imaging mass spectrometry (>1.4 μm resolution (31)). Principally, the resolution of our method is limited by diffraction to ~ 400 nm with better quality objectives. Finally, in contrast to previous studies employing spectral CARS (37, 38) our method does not return ratiometric quantities of TAGs but rather physiologically relevant numbers.
Method reliability
Standard TAGs were used to establish the training matrix needed to generate the lipid components for the known covariance least square fitting, and food oils were subsequently used for the estimation of the standard error against industry-standard GC-MS. The error in our method is highest for lower chain lengths and higher degrees of saturation, i.e., lower number of C=C. Physiologically relevant TAGs with chains length from 16 -18 C and 1 -2 C=C bonds can be determined with high accuracy. Specifically, for chains lengths below 16 the root mean square (RMS) deviation relative to the average chain length is approximately 6.4% while for chain lengths above 16 the RMS deviation is 3.7%. For oils with 0-1 double bonds on average, the relative deviation is 33.1 %, while the metric is 10.6 % for > 1 C=C bond.
The error is evenly distributed around the GC-MS values, suggesting that there is no systematic error, e.g., by an insufficient training matrix, causing these errors. Instead the deviation can be viewed as the true error of the method and in repeatability of the acquired data, which was taken over more than one year on a multi-user BCARS microscope.
In situ lipid mapping
When applying the technique to more complex systems, like cells, other aspects must be considered for the spectral decomposition. If the cell had a lipid droplet size approaching or below our focal volume, as suggested that the size of the LDs in 3T3-L1s reflect the "age" of the droplet in that a small droplet is recently formed and that large droplets are older (57) . Combined with the fact that lipid profiles of 3T3-L1s change during differentiation -with longer chains and more unsaturated fatty acids diminishing during the differentiation (58), this supports our finding that large (old) LDs have decreased chain length and unsaturation compared to small (young) LDs.
Conclusion
In this work we have developed a method to generate fast overview of average lipid species, in situ, in mammalian and non-mammalian cells with up to 500 nm spatial resolution. This methodology allows for a somewhat detailed understanding of intra-LD, inter-LD, and cell-to-cell TAG chemical variation with virtually no sample preparation. Physiologically meaningful lipid quantification, in contrast to ratiometric quantities, is achieved, which shows high accordance with GC-MS-derived TAG chain length and saturation for pure oils. Due to the fast image acquisition and noninvasive nature of our method, future applications to study dynamic lipid biochemistry in cells, tissues, or in food emulsions will be enabled with much improved accuracy due to the straightforward in situ measurement conditions.
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